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1.1 INTRODUCTION 
 
 
 Lab-on-a-chip fluidic technology takes inspiration from electronic integrated 
circuits, from which its name is derived. Lab-on-a-chip systems aim to improve chemical 
and biological analysis by using chip-based micromachining techniques to shrink the size 
of fluid handling systems.1 In this way it borrows both the fabrication technology and the 
“smaller, cheaper, faster” paradigm from the integrated circuit industry. For silicon-based 
electronics, miniaturization eventually gave rise to qualitatively different transport 
phenomena because the device dimensions became comparable to important physical 
length scales, such as the de Broglie wavelength. Nanoelectronics has consequently 
become nearly synonymous with quantum mechanical effects. As fluidic devices are 
shrunk down to the nanoscale in the quest to manipulate and study samples as minute as a 
single molecule, it is natural to ask, “What physical phenomena should dominate in this 
new regime?” 

 As early as 1959, Richard Feynman recognized the challenges to controlling the 
motion of matter at the nanoscale in his famous speech, “There’s plenty of room at the 
bottom”.2 He drew attention to the friction, surface tension, and thermal forces that would 
become important at such small dimensions. In the earliest nanofluidics experiments, the 
pioneering groups of Austin and Craighead observed unusual transport properties of 
DNA.3-5 Channel dimensions comparable to the coil size of the polymers, called the radius 
of gyration, gave rise to strong entropic effects. Nanofluidics is in fact a regime where 
multiple physical length scales and phenomena become important, including the 
persistence length of a polymer, the Debye screening length for electrostatics, and the 
charge density along a channel surface.  
 In this chapter we review our studies of nanofluidic channels. These are the most 
fundamental structures in lab-on-a-chip devices, and represent the “wires” in the circuit 
analogy. It has therefore been natural to focus on the transport properties of nanofluidic 
channels, which we have investigated for small ions, DNA polymers that possess many 
internal degrees of freedom, and microtubules that undergo motion as part of their 
biological function.  A recurring theme in our experiments has been the strong departure 
from bulk behaviour in sufficiently small channels. Different fluidic, statistical, or 
electrostatic effects can drive the crossover to a new regime in each case. This highlights 
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the importance of understanding multiple interacting phenomena as new nanofluidic 
applications are sought. 
 
 
1.2 IONIC TRANSPORT 
 
 
 Ions are ubiquitous in aqueous solution, and manifestations of their motion have 
been the subject of inquiry for centuries. In recent years the transport of ions in nanoscale 
systems has attracted increasing attention because of its importance to fundamental 
biological processes, e.g. ion channels in cellular and sub-cellular membranes,6 as well as 
man-made porous membranes for applications such as fuel cells,7 and solid-state nanopores 
for single molecule DNA analysis.8,9 The motion of ions is also coupled to the motion of 
the fluid by viscosity. This gives rise to electrokinetic effects such as electro-osmotic flow 
(EOF), which is widely applied in lab-on-a-chip technology.10,11 
 In order to study the transport of ions in the nanofluidic regime in detail, we 
fabricated channels with highly controlled geometries that were straightforward to analyze 
using theoretical calculations.  A typical slit-like channel is illustrated in Figure 1.1. The 4 
mm long, 50 µm wide channel was lithographically patterned between two 1.5 mm x 2 mm 
reservoirs on a fused silica substrate. A reactive ion plasma then etched the fused silica at a 
rate of 30 nm/min and was timed to stop when the desired channel height, h, had been 
reached. The channels were sealed by bonding them to a second, flat, fused silica substrate. 
Bonding was achieved using either a sodium silicate adhesive layer,12 or by direct thermal 
bonding.13 Pre-drilled holes allowed access to the reservoirs for introducing fluids or 
electrical connections. 
 

 
 
Figure 1.1  Slit-like nanochannels for transport measurements.  (a) Nanofluidic channels are fabricated by 

bonding a flat, fused silica chip to a chip with a patterned channel structure and access holes. 
(image from ref.[14]) (b) The inner channel dimensions are well defined so that transport 
measurements of ions or polymers can be easily modeled theoretically.  The channels are slit-
like, with l >> w >> h . (image from ref.[15])  (c) A scanning electron micrograph of a 
channel cross-section. Adapted from reference [16] and reproduced with permission. 

 
1.2.1 Electrically Driven Ion Transport 
 
 We have studied the electrically driven transport of ions in our nanofluidic 
channels.17  The ionic current was measured while a DC voltage, ΔV , was applied across a 
channel filled with aqueous solution of a given potassium chloride (KCl) salt 
concentration, n. The salt dependence of the conductance is shown in Figure 1.2 for 5 
channels ranging in height from h = 70 nm to h = 1050 nm. At high salt concentrations, the 
channel conductances scaled with the salt concentration and the channel height, just as 
would be expected for a bulk KCl solution. For low salt concentrations, however, the 
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conductance saturated at a minimum value independent of the channel height, and was 
orders of magnitude higher than would be expected from the bulk conductivity of the fluid. 
 The ionic conductance saturation results from the electrostatic influence of the 
charged channel walls on the ionic fluid. The silica surface is negative in solution at neutral 
pH, and therefore attracts positive counter-ions, while repelling negative co-ions. The thin 
region of fluid near the surface in which a net charge density is created is called the double 
layer.18 It is the transport of mobile counter-ions in the double layer that accounts for the 
extra conductance observed at low salt concentrations. 
 

 
 
Figure 1.2  Surface-charge-governed ion transport in nanofluidic channels. (a) Cross-sectional illustration 

of a channel and the measurement apparatus configuration. (b) Salt concentration dependence 
of the DC ion conductance in a 50 µm wide channel. The solid lines are fits to the ion transport 
model described in the text. The values of σ  obtained from the fits are plotted against h (inset). 
(c) The conductance of 87 nm high channels filled with 50% isopropanol, 50% KCl solution. 
The channels were treated with the indicated concentrations of OTS. Adapted from reference 
[17] and reproduced with permission. 

 
 The conductance of nanofluidic channels can be understood quantitatively. It is 
necessary to account for all the ions, including the double layer, and properly couple their 
motion to that of the fluid. We have modelled the electrostatic potential in the double layer 
using the nonlinear Poisson-Boltzmann (PB) equation, which is the conventional mean 
field theory that describes the competition between electrostatic and entropic forces on the 
ions: 
 

     d2ψ(x)
dx2 = κ 2 sinh ψ(x)( ) (1.1) 

 
Here kBTψ(x) /e  is the electrostatic potential at height x from the channel mid-plane, e is 
the electron charge, kBT  is the thermal energy, 1/κ  is the Debye screening length, defined 
by κ 2 = 2e2n /(εε0kBT) , and εε0 is the permittivity of water. The Debye length sets the 
range of electrostatic interactions in solution. It is inversely related to salt concentration, 
increasing from 1/κ =1 nm at the roughly physiological salt concentration of n =100 mM, 
to 1/κ =10 nm at n =1 mM, and to 1/κ =1 μm in de-ionized water. 
 The exact solution for ψ(x) in the slab geometry is known,19 which allows us to 
calculate the exact (mean field) distribution of ions in our channels. The solution remains 
valid even when the double layers from opposing channel walls overlap. Moreover, the 
motion of ions is coupled to the fluid flow via the Stokes equation: 
 

η d2u(x)
dx 2 − ΔV

l
εε0kBT

e
d2ψ(x)

dx 2 + Δp
l

= 0  (1.2) 
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where u(x)  is the fluid velocity, Δp  is the pressure difference across the channel, and l is 
the length of the channel. We take ψ(x) to be the equilibrium distribution, which is 
justified as long as the applied electric field gradients are too weak to significantly distort 
the double layer, i.e. smaller than kBTκ .20 It is also conventional to apply the no-slip 
boundary condition at the channel surfaces. 
 In the absence of an applied pressure gradient and taking the electrical mobility of 
the ions to be the bulk value, the solutions to Equations 1.1 and 1.2 can be used to calculate 
the total conductance of a channel. This was the approach used by Levine to calculate the 
ionic conductance in a narrow channel with charged walls.21 However in order to 
accurately describe our experimental conductance data, it was necessary to replace the 
constant surface potential boundary condition that had been commonly used.  We found 
that a constant effective surface charge density, σ , described the data extremely well and 
could be imposed on our transport model using Gauss’ Law, i.e. 
 

σ = ± εε0kBT
e

dψ
dx x= ±h / 2

  (1.3) 

 
Our ionic transport model described the experimental data very well, as can be seen from 
the theoretical fits in Figure 1.2(b).  The model contains only a single fit parameter, 
namelyσ , which was found to agree well with published values for silica surfaces obtained 
by chemical titration experiments.22   
 The ion transport model also provides insight into the very different behaviour 
that was observed in the high and the low salt regimes. At high n, the number of ions in the 
double layer is overwhelmed by the number in the bulk fluid. The conductance of a 
nanochannel at high n therefore increases with n just as the conductivity of bulk solution. 
At low n, by contrast, the counter-ions in the double layer dominate. Their number is fixed 
by the requirement of overall charge neutrality, and so the conductance of the nanochannel 
becomes governed by the charge density at the surfaces. The crossover between high-salt 
and low-salt behaviour occurs when |σ |≈ enh  for monovalent salt.  It is important to note 
that this does not correspond to double layer overlap. The data in Figure 1.2(b) clearly 
show, for example, that a 380 nm high channel is in the low-salt conductance plateau at 
n =10−4 M , where the Debye length is only 30 nm. 
 Solid-state nanopores and nanotubes are systems in which ion transport in the low 
salt regime is particularly relevant. Due to their small diameter (<10 nm typically), the 
onset of the conductance plateau in a nanopore occurs at salt concentrations as high as 
hundreds of millimolar. In addition, nanopore experiments typically involve the insertion 
of an individual DNA molecule, which is itself a highly charged object.  The backbone of 
double-stranded DNA carries two electronic charges for every 3.4 Å of length. DNA 
insertion into a solid-state nanopore therefore entrains a high concentration of mobile 
counter-ions into the pore, which actually increases the measured conductance for salt 
concentrations below ~0.4 mM.23-25 
 The electrically driven transport of ions in nanochannels reveals an interesting 
parallel with integrated circuits. The dependence of channel conductance on the surface 
charge is analogous to the conductance modulations in a field effect transistor (FET) that 
can be induced by the charge on the gate. It is therefore possible to “gate” the conductance 
of a nanofluidic channel by chemically modifying its surface charge density, as we have 
shown in Figure 1.2(c). The conductance of an h = 87 nm channel in the low-salt regime 
was clearly reduced by treatments with octadecyltrichlorosilane (OTS), whose attachment 
to silica neutralizes the surface. Other groups have employed this phenomenon as a sensing 
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mechanism for biological agents26 or reported how the surface charge density of a 
nanochannel can be voltage-modulated using gate electrodes to result in an “ionic 
transistor”. 27,28  
 
1.2.2 Streaming Currents 
 
 Ions are displaced in a pressure-driven flow because of the viscous drag between 
them and the fluid. In bulk solution, equal densities of positive and negative ions leave the 
fluid neutral, so no net charge transport occurs. In the vicinity of a charged surface, 
however, the excess of counterions in the double layer is advected by the flow and carries 
an electrical current. These so-called streaming currents can become increasingly 
important in nanofluidic channels, whose surface to volume ratio is particularly high. 
 We have measured streaming currents in nanofluidic channels between h = 70 nm 
and h = 1147 nm.14 The relationship between the streaming current, Istr , and Δp  was found 
to be linear, so we characterized a channel by its streaming conductance, S str , defined as 
the slope Istr /Δp . The salt concentration dependence of S str for a typical h = 140 nm 
channel is presented in Figure 1.3 and shows an extended plateau at low n that drops to a 
small fraction of the plateau value as n is increased beyond ~1 mM. 
 

 
Figure 1.3  Streaming currents in nanochannels. (a) Schematic illustration of the origin of the streaming 

current. (b) Streaming conductance as a function of KCl concentration in a 140 nm high 
channel.  The solid lines show model predictions for a constant surface charge, a constant 
surface potential, and a chemical equilibrium model discussed in the text. Adapted from 
reference [14] and reproduced with permission. 

 
 Streaming currents can be analyzed within the same theoretical framework as 
electrophoretic ion transport. The applied pressure, Δp , generates a parabolic (Poiseuille) 
fluid velocity profile that is maximal in the centre of the channel and stationary at the 
surfaces according to Equation 1.2. The distribution of ions that is described by the PB 
equation (Equation 1.1) is advected at the local fluid velocity. The streaming conductance 
is therefore highest at low n because the Debye length extends into the centre of the 
channel, where the fluid velocity is highest. We have found, however, that the constant σ  
boundary condition underestimates the streaming conductance at high n, predicting an 
earlier decay in S str than observed.  This can be resolved by accounting for the chemistry 
of the silica channel, whose surface charge density is taken to be salt and pH dependent 
using a model described by Behrens and Grier.29 It predicts that as n increases, the double 
layer consists increasingly of potassium counter-ions rather than H+. This shifts the 
chemical equilibrium towards a more negatively charged surface and explains the extended 
streaming current plateau that is observed in Figure 1.3(b). 
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 At this point, we note the discrepancy between the boundary conditions that best 
describe pressure-driven and electrophoretic transport of ions in the same fluidic channels. 
This observation is not new. The Poisson-Boltzmann model can be used to interpret 
measurements of an object’s charge by different techniques, including electrokinetic 
effects such as ionic conductance and streaming currents, as well as direct measurements 
of electrostatic forces on micron-scale surfaces using surface force apparatus30 and atomic 
force microscopy (AFM) techniques.31 It has been experimentally found that these 
techniques yield values for σ  that can differ by a factor of 10 or more. These discrepancies 
highlight the fact that the Poisson-Boltzmann model does not accurately describe the 
microscopic structure of the double layer all the way down to the charged surface. As a 
result, it is necessary to speak of the “effective charge”, which is a model-dependent 
parameter that characterizes a system’s behaviour for a particular type of experiment. The 
double layer picture has been gradually refined to achieve more consistent predictions that 
account for the effects of non-specific adsorption (the so-called “Stern Layer”), ion 
correlations, and finite ion size.32-34 
 
1.2.3 Streaming Currents as a Probe of Charge Inversion 
 
 Streaming currents are a sensitive probe of the surface charge and can be used to 
study the details of the solid-liquid interface.35 The current derives from charge transport in 
the diffuse part of double layer only, because ions in the bulk fluid carry no net charge, and 
it is generally accepted that the tightly bound counter-ions in the Stern layer (also called 
the inner Helmholtz plane) remain immobile in a pressure-driven flow.36-38 An important 
advantage of an electrokinetic probe of the surface charge over direct AFM force 
measurements is that streaming currents remain reliable even at high salt concentrations. 
We have used streaming currents in silica nanochannels to investigate the phenomenon of 
charge inversion (CI) by multivalent ions.   
 Ions play a fundamental role in screening electrostatic interactions in liquids.  
Multivalent ions (where the ion valency Z exceeds 1) can exhibit counterintuitive 
behaviour by not only reducing the effective charge of a surface, but by actually flipping 
its sign (Figure 1.4(a-b)).  This phenomenon has been proposed to be relevant in important 
biological situations such as DNA condensation, viral packaging, and drug delivery.39-41 
CI, however, cannot be explained by conventional mean-field theories of screening such as 
the Poisson-Boltzmann model.   
 Shklovskii proposed an analytical model that assumes that multivalent counter-
ions form a two-dimensional strongly correlated liquid (SCL) at charged surfaces and 
invert the surface charge above a critical concentration.42 This effect is driven by the 

interaction parameter Γ =
σ bZ 3 e3 π
4εε0kBT

 and is therefore strong for high Z and bare surface 

charge, σ b .  Besteman   used AFM force measurements43,44 to show that the SCL model 
accurately describes the dependence of c0  on surface charge, dielectric constant, and ion 
valence for Z=3 and 4. 
 We first validated streaming current measurements as a new technique for 
studying CI by reproducing the findings for the Z=3 cation, cobalt(III)sepulchrate (CoSep), 
which is well understood both theoretically and experimentally. We then used streaming 
currents to test CI by divalent cations, for which earlier results had been inconclusive.45-49  
Figure 1.4(c) shows clear evidence for CI by the divalent cations Mg2+ and Ca2+ near the 
same high concentration of ~400 mM. This result is interesting for two reasons. First, these 
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divalent ions are relevant in biology. Second, this is an example of CI in a regime where 
the inter-ionic coupling is weak. The validity of the SCL model does not extend to Z=2, so 
these experiments provide a practical guide to theoretical refinements. 
 

 
 
Figure 1.4  Studies of charge inversion using streaming currents. (a) Schematic illustration of the streaming 

current with screening by monovalent salt and (b) the effect of charge inversion by trivalent 
cations. (c) Divalent ion concentration dependence of (top) the streaming conductance and 
(bottom) the effective surface charge. The solid lines are guides to the eye; open symbols 
indicate measurements after each sweep from low to high concentration. The inset highlights 
the charge inversion concentration region. (d) The streaming conductance (top) and the 
effective surface charge (bottom) are plotted as a function of KCl concentration for various 
CoSep concentrations. The solid lines are guides to the eye; the dashed lines are model curves 
discussed elsewhere. Adapted from reference [35] and reproduced with permission. 

  
 The streaming current technique also allowed us to investigate the effects of 
monovalent salt on CI. High concentrations of monovalent salt (~150 mM) are typically 
present under physiological conditions in biological systems. This is expected to lead to 
screening of the surface charge and of multivalent ions. It was unclear, however, how this 
would affect CI. Our measurements showed that increasing concentrations of monovalent 
salt weaken and ultimately cancel CI by the trivalent cation CoSep (Figure 1.4(c)). The 
influence of monovalent salt on CI could be understood within a refined model of the SCL 
model up to the moderate concentrations at which CI was negated.  
 
1.2.4 Electrokinetic Energy Conversion in Nanofluidic Channels 
 
 Electrokinetic phenomena exhibit a coupling between the transport of fluid and 
electricity. This presents interesting technological opportunities, such as for the electrical 
pumping of fluid by electro-osmosis, which has become important in microfluidics. In a 
reciprocal fashion, a pressure-driven fluid flow through a narrow channel carries a net 
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charge with it that induces both a current and a potential when the charge accumulates at 
the channel ends. These streaming currents and streaming potentials can drive an external 
load, and therefore represent a means of converting mechanical work into useful electrical 
power. The notion of employing electrokinetic effects in an energy conversion device is 
not new,50 but has received renewed attention in the context of micro- and nanofluidic 
devices, whose geometries and material properties can be engineered to optimize 
performance.16,51-54 High energy-conversion efficiency and high output power are the 
requirements for such a device to be practical. We have evaluated the prospects for 
electrokinetic energy conversion both theoretically16 and experimentally.54 
 A fluidic device capable of electrokinetic energy conversion consists of an inlet 
and an outlet that are connected by one or more channels with charged walls (Figure 1.5). 
Its electrokinetic properties in the linear regime are defined by the response of the ionic 
current, I, and the volume flow rate, Q, to the application of an electrochemical potential 
difference, ∆V, or a pressure difference, ∆p, between the inlet and the outlet according to: 
 

     I = dI
dΔp

Δp + dI
dΔV

ΔV = SstrΔp + ΔV
Rch

  (1.4) 

 

     Q = dQ
dΔp

Δp + dQ
dΔV

ΔV = Δp
Zch

+ SstrΔV   (1.5) 

 
where Rch  is the electrical resistance, Zch  is the fluidic impedance, and Sstr  is the streaming 
conductance of the channel. Only three quantities are needed to fully describe the device 
because the voltage-driven fluid flow rate and the pressure-driven ionic current are related 
by the Onsager identity,55 dQ dΔV = dI dΔp ≡ Sstr  which expresses the reciprocity between 
electrically induced fluid flows and flow-induced electrical currents.   
 The energy conversion efficiency is defined as the electrical power consumed by 
the external load divided by the input mechanical pumping power and is found to have a 
maximum value ofεmax = α α + 2 1−α +1−α( )( ) at the optimized load resistance 

RL = Rch 1− α , where α = Sstr
2 ZchRch .  The values of Rch , Zch , and Sstr  for a particular 

device are determined by its geometry and the distribution of ions and fluid flows within it. 
We have used the theoretical framework outlined above to theoretically evaluate εmax  for 
slit-like channels. 
 

 
 
Figure 1.5  The efficiency of electrokinetic energy conversion in a nanofluidic channel. (a) Equivalent 

circuit of a nanochannel connected to a load resistor. (b) KCl concentration dependence of εmax 
calculated using the model described in the text. The channel height and surface charge are as 
indicated. (c) Measured salt concentration dependence of εmax for KCl, h = 75 nm (red); KCl, h 
= 490 nm (red); and KCl (blue) and LiCl (green) for the same h = 490 nm channel. Adapted 
from references [16, 54] and reproduced with permission.  
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 The calculated n-dependence of εmax  shows that the highest energy conversion 
efficiency occurs in a low-n plateau, followed by a decay towards zero efficiency at high n 
(Figure 1.5(b)). The plateau region extends to higher n for smaller channels: up to n = 10-5 
M for a h = 490 nm channel and up to n = 10-4 M for a h = 75 nm channel.  This behaviour 
can be understood intuitively; in thin nanochannels and at sufficiently low salt 
concentrations, the double layers of opposing channel surfaces overlap, and electrostatic 
forces expel co-ions from the channel leaving only counter-ions.  Because co-ions do not 
contribute to the electrical power generated by streaming currents, but instead provide an 
additional pathway for power dissipation through ionic conductance, they can only detract 
from the energy conversion efficiency. In addition, the extended double layers increase the 
concentration of counter-ions in the centre of the channel, where the fluid velocity is 
highest. 
 Our experiments confirmed that the maximum energy conversion efficiency 
occurs in the low salt regime. Figure 1.5(c) shows our experimental study of εmax  as a 
function of salt concentration for three channel heights. The energy conversion efficiency 
was found to be roughly constant at low n, and then decreased strongly at higher n. As 
predicted, the transition between the low and high salt regimes occurred at higher salt 
concentrations for smaller channels, for example, at 10-3.5 M for h = 75 nm versus 10-4.5 M 
for h = 490 nm. 
 We measured a peak energy conversion efficiency of ~3% for h = 75nm and KCl 
solution. This was less than half of the 7% efficiency that was predicted. We noted that this 
discrepancy could be reconciled by positing a finite conductance in the Stern layer, which 
is taken to be a layer of mobile counter-ions behind the no-slip plane on the channel. The 
counter-ions in the Stern layer consequently dissipate energy by electrical conductance 
without being advected by the pressure-driven flow.  This model of the double layer was 
used to fit Rch , Sstr , and the efficiency data in Figure 1.5(c). 
 Clearly, a strategy is needed to significantly enhance efficiency if electrokinetic 
energy conversion is to be practical. An intriguing possibility that has recently been 
considered is to induce hydrodynamic slip at the surface of a channel.56-58 A finite fluid 
velocity at the channel surface would increase the transport of counter-ions that 
concentrate there and eliminate the Stern layer by placing the extrapolated no-slip plane 
behind the channel surface. Recent experimental work and molecular dynamics 
simulations point to smooth and hydrophobic surfaces as conditions that promote slip.59 
The implication of a moderate degree of slip, characterized by a 30 nm slip length, is an 
energy conversion efficiency predicted to be 40%.58 The extraordinarily long slip lengths 
recently reported for carbon nanotubes60,61 imply very useful efficiencies exceeding 70%.  
 
 
1.3 POLYMER TRANSPORT 
 
 
 Polymers are fundamental to biology. The genetic programs of all living systems 
are stored, translated, and executed at the molecular level by specialized polymers – DNA, 
RNA, and proteins, respectively.62 These molecules contain valuable information regarding 
identity, biological function, and disease. This makes polymers important targets of lab-on-
a-chip bioanalysis.   
 Length-separation is the most widespread analytical task for polymers, and is 
commonly accomplished by electrophoresis in a sieving medium such as a gel.63,64 The 
interactions between polymers and the gel lead to length-dependent migration velocities. 
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Lab-on-a-chip devices were first reduced in size from the microscale to the nanoscale in a 
quest to control such interactions and create artificial separation devices.  In nanofluidic 
channels small enough to restrict a polymer’s internal degrees of freedom, it was found 
that entropic forces become important, giving rise to effects that have been exploited in 
novel separation strategies such as artificial gels3 and entropic trap arrays.65 
 The transport of polymers within microfluidic and nanofluidic channels remains 
of central importance to lab-on-a-chip technology, but our understanding of the topic is far 
from complete. Polymers can be subjected to a wide variety of confining geometries, fluid 
flows, or electric fields. In this section we summarize our efforts to understand how 
polymers behave in situations that commonly arise in nanofluidics, such as parabolic fluid 
flows and electric fields.   
 
1.3.1 Pressure-Driven Polymer Transport 
 
 It is straightforward to apply a pressure difference across a fluidic channel, and 
this has long been used to drive transport in chromatographic chemical separations. In 
contrast with electrical transport mechanisms such as electrophoresis or electro-osmotic 
flow, a pressure gradient generates a parabolic flow profile that leads to hydrodynamic 
dispersion, called Taylor dispersion, and flow speeds that depend strongly on the channel 
size.10 These perceived disadvantages have made pressure-driven flows less popular than 
electrokinetic mechanisms in micro- and nanofluidic applications. The interaction of a 
parabolic flow with a confined flexible polymer had consequently remained unexplored. 
 We investigated the mobility and dispersion of long DNA polymers in a pressure-
driven fluid flow in slit-like nanofluidic channels.15 The centre-of-mass motion of 
individual molecules was tracked by epifluorescence optical microscopy and analyzed to 
determine the mobility and the dispersion of DNA. We investigated the influence of 
applied pressure, channel height and DNA length, L. Our results reveal how length-
dependent and length-independent transport regimes arise from the statistical properties of 
polymer coils, and that the dispersion of polymers is suppressed by confinement.   
 
1.3.1.1 Pressure-Driven DNA Mobility 
 
 Our experiments showed that the mean velocity of DNA, V , increased linearly 
with Δp  for a given L and h. To best reveal the dependence of pressure-driven DNA 
transport on L and h, we first defined a pressure-driven DNA mobility, ν , as the slope of 
V  vs. Δp , i.e. V = νΔp . We then plotted the ratio ν ν λ  for each DNA length in the same 
channel, where ν λ is the mobility of 48.5 kbp-long λ -DNA (Figure 1.6). This approach 
provided a measure of mobility that was insensitive to microscopic channel irregularities. 
 Two distinct regimes of pressure-driven transport can clearly be identified in 
Figure 1.6.  In large channels (h > ~2 µm), the mobility of DNA increased with polymer 
length, with the mobility of λ -DNA exceeding that of 8.8 kbp-long DNA by 12% in h = 
3.8 µm channels. In thin channels (h < ~1 µm), the mobility was found to be independent 
of length within experimental error. In order to explain the pressure-driven motion of 
DNA, we must consider the statistical distribution of DNA across a slit-like nanochannel. 
Thermal forces contort a DNA polymer into conformations that simultaneously sample 
different regions of the fluid flow. We assume that each segment of DNA moves at the 
local fluid velocity and take the centre-of-mass velocity to be the average over all 
segments, according to: 
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     V = ρ(x)u(x)dx
−h / 2

h / 2

∫ ρ(x)dx
−h / 2

h / 2

∫  (1.6) 

 
where ρ(x)  is the average concentration of DNA segments across the channel. We can 
calculate ρ(x)  by modelling the polymer coil as a random flight whose equilibrium 
conformations are described by the Edwards diffusion equation66: 
 

     b2

6
∇2P(x,s) = b∂P(x,s)

∂s
 (1.7) 

 
where P(x,s)  is the probability that paths of contour length s end at height x, and b is the 
Kuhn length, which characterizes the stiffness of the polymer. From this probability 
distribution, the average density of polymer segments is given by,   
 

     ρ(x) = P(x,s)P(x,L − s)dx
0

L

∫  (1.8) 

 
The confinement of a polymer to a slit geometry was first treated by Casassa67 and Casassa 
and Tagami68 by imposing non-interacting boundary conditions at the walls, i.e. 
P(±h /2) = 0. We have used Casassa’s exact result for P(x)  to calculate the mobility of 
DNA polymers in our channels. The values of b were fixed by matching the known radius 
of gyration for each polymer length, Rg , with the coil size of a random flight polymer 
according to Rg = (Lb) /6 .  We note that this procedure implicitly includes polymer self-
exclusion effects, which are not explicitly modelled by Equation 1.7. 
 

 
 
Figure 1.6  Pressure-driven DNA mobility in nanofluidic channels. (a) (inset) The average velocity of 

DNA molecules in an h = 2.73 µm channel versus applied pressure gradient.  The slope of the 
curve defines the pressure-driven mobility,ν . (main panel) The ratios of ν  for the indicated 
DNA fragment lengths to νλ  for 48.5 kbp-long DNA. The solid lines indicate predictions of the 
polymer transport model described in the text. (b) Schematic DNA configurations in a wide 
channel, where the molecules’ centre of mass is excluded from a region of length Rg from the 
channel wall. Long molecules are confined to the high velocity region of the flow, and 
consequently move faster than shorter molecules. (c) Schematic DNA configurations in a 
narrow channel, where DNA mobility is independent of length. Adapted from reference [15] 
and reproduced with permission. 
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 The results of our polymer transport model are plotted together with the mobility 
data in Figure 1.6. The model clearly predicts both length-dependent and length-
independent regimes, as well as the crossover between them for all DNA lengths.  The 
quantitative agreement between our model and the data is also good. The model only 
mildly overestimates the mobility of the shortest DNA fragment in the largest channels. 
We note that our model contains no fitting parameters. Its only inputs are the known 
lengths and radii of gyration of the DNA fragments. 
 The physical picture behind the two pressure-driven transport regimes can be 
understood as follows:  In channels that are large compared with the polymer coil size, 
molecules can diffuse freely in the central region of the channel. However, they are 
impeded from approaching the walls closer than the radius of gyration. Long DNA 
molecules are therefore more strongly confined to the centre of the channel, where the 
fluid velocity is highest. This explains why long molecules travel faster in large channels 
and corresponds to the concept of “hydrodynamic chromatography” of polymers.69 In 
channels that are small compared with the polymer coil size, the DNA is squeezed into 
new conformations.  Although the shapes of longer molecules may be more extended in 
the plane of the channel, the concentration profile of DNA segments across the channel 
height is length-independent. This explains why the mobilities of long and short DNA 
molecules are the same in the thin channel regime. 
 
1.3.1.2 Dispersion of DNA Polymers in a Pressure-Driven Flow 
 
 The dispersion of DNA arises from the fluctuations in a molecule’s velocity. We 
have used the same pressure-driven DNA measurements to study this fundamental 
transport property.  We quantified velocity fluctuations by the dispersion coefficient, D∗ , 
defined by 2D∗Δt = (Δz −V Δt)2 . Here (Δz −V Δt)2  is the mean square displacement of a 
molecule from its original position along the channel length, translated with the mean 
velocity in the time intervalΔt . 
 Dispersion in a pressure-driven flow is understood to originate from two distinct 
mechanisms. First, the random thermal forces exerted on a particle by the surrounding 
fluid give rise to Brownian motion, which we parameterize by the thermal self-diffusion 
coefficient, D0 .  Second, hydrodynamic dispersion also arises in a non-uniform flow. A 
particle in a fast moving region of the flow is pulled ahead of a particle near the wall, 
where the flow is slow. Taylor first considered the interplay between these thermal and 
hydrodynamic dispersion mechanisms for point particles, and so the phenomenon is known 
as Taylor dispersion.70 
 Generalized Taylor dispersion theory71 predicts that D∗  can be expressed as the 
sum of a purely thermal term and a convective term proportional to V 2 : 
 

D∗ = D0 + αTV 2 (1.9) 
 
Here, we have introduced a parameter, αT , to quantify the hydrodynamic component of 
dispersion. We have found that Equation 1.9 fits our experimental data extremely well, as 
shown in Figure 1.7(a) for two different channel heights. We have used such fits to extract 
experimental values for αT . 
 The thermal self-diffusion of DNA was studied by considering dispersion in the 
absence of an applied pressure (where V = αT = 0). We found that D0  was suppressed with 
increasing confinement in thin channels, in good agreement with a famous scaling 



Transport of ions, DNA polymers, and microtubules in the nanofluidic regime  13 

relationship predicted by de Gennes.72 This confirmed previous observations of the 
phenomenon73-75 and extended its verified range to higher degrees of confinement. More 
recent measurements by the Doyle group have found subtle departures from the de Gennes 
predictions.76 
 To date, the hydrodynamic dispersion of long polymers has not been realistically 
modelled, so an appropriate prediction of αT  is not available. We instead compared the 
experimentally determined values of αT  to models of point-particle77 and free-draining 
rigid sphere dispersion69 as shown in Figure 1.7(b). Both models clearly fail to describe the 
observed behaviour. Taking DNA to be a point particle overestimates its dispersivity by 
more than an order of magnitude, whereas the rigid sphere model predicts a rapid drop to 
zero dispersion that was not observed.   
 These results suggest that Taylor dispersion theory needs to be extended in order 
to account for the unusual behaviour of polymers under confinement. Our experiments 
have nonetheless demonstrated empirically that the hydrodynamic dispersion of DNA 
polymers is greatly suppressed in nanochannels, which may be of benefit to analysis 
applications. 
 

 
 
Figure 1.7  Taylor dispersion of DNA polymers in micro- and nanofluidic channels. (a) The dispersion 

coefficient of λ-DNA is plotted against its mean velocity for h = 2.73 and h = 500 nm. Solid 
lines indicate fits of D*=Do+αTV2. (b) The height dependence of the measured values of αT for 
8.8 kbp-long DNA is compared with point-like and free-draining rigid particle models of 
Taylor dispersion.  

 
1.3.2 Electrokinetic DNA Concentration in Nanofluidic Channels 
 
 For a chemical separation technique to be successful, an ensemble of sample 
molecules must first be collected in a narrow band from which they are typically 
“launched” into the separation region. The controlled concentration of analyte has 
therefore become an important goal of recent lab-on-a-chip research. Leading strategies 
include the use of nanofluidic filters,78 micellar electrophoretic sweeping,79 field-amplified 
sample stacking,80 isotachophoresis,81 electrokinetic trapping82 and membrane pre-
concentration.83,84 We have recently discovered that in the nanofluidic regime, it is possible 
to take advantage of the unique transport properties of long polymers to concentrate them 
in an elegant way.85 Our idea for DNA concentration was inspired by observations of 
surprising electrically driven DNA flow patterns in our slit-like nanochannels. Under a 
constant applied potential, DNA molecules aggregated near the end of the channel at the 
negative pole.  At the same time, DNA was depleted from the opposite end of the channel. 
These dynamics were surprising because the axial velocity of DNA actually flips sign 
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twice along the length of the channel, and also because this behaviour was only observed at 
low (<mM) salt concentrations. At high salt concentrations (~60 mM), DNA migrated 
continuously from one pole to the other.   
 We sought to understand the origin of these dramatic DNA flows at low n so that 
we might induce the controlled pre-concentration of DNA at arbitrary salt concentrations. 
A polymer transport model similar to the one outlined in Section 1.3.1.1 explained our 
observations. In the case of electrically driven transport, we considered two driving terms. 
First, electrophoresis moves DNA relative to the fluid with a migration velocity,  

v v elec, that 
is proportional to the local electric field.  Second, the fluid itself is driven by electric fields 
because counter-ions in the double layer drag the fluid by electro-osmosis. The fluid flow 
then carries the DNA by advection with a velocity  

v v advect . 
 A highly symmetric situation that is commonly found in micro- and nanofluidics 
is a constant electric field in a uniform channel. In this case  

v v elec  and   
v v advect  are both 

constant and proportional to each other. In general, however, the electric field can vary 
along the length of the channel, as can the electrophoretic force at the channel walls, e.g. 
due to conductivity and surface charge density variations, respectively.  This establishes a 
competition between electrophoresis and advection that is well illustrated by the following 
example (Figure 1.8). 
 

 
 
 
Figure 1.8  Inducing controlled DNA concentration and depletion in a 500 nm high nanofluidic channel. (a) 

Schematic top view of the device, showing the fluidic nanochannel intersected at two points by 
the connected electrodes.  The electrodes do not block the channel but contact the fluid in order 
to cancel the electric field between them. The red and blue arrows indicate the predicted  

v v elec  
and   

v v advect  in the different channel regions, respectively. Fluorescence micrographs show DNA 
molecules near the electrode towards the positive pole prior (b) to the application of 10V across 
the channel and then at increasing times after (c and d). The same molecules are circled in each 
image to highlight their motion away from the electrode. Near the electrode towards the 
negative pole, DNA molecules are shown prior to (e) the application of 10V and then after (f)–
(g). Adapted from reference [85] and reproduced with permission.  
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 We designed a nanofluidic device to concentrate DNA at a specified location, and 
at technologically relevant salt concentrations. The layout consisted of a slit-like channel 
intersecting an annular gold electrode at two points. The electrode was fabricated so as to 
contact the fluid in the channel, and maintain a constant electrochemical potential between 
the two intersection points. The electrode was embedded into the bottom surface so as to 
maintain the channel cross-section, and avoid impeding the fluid flow.   
 When a constant ΔV  was applied across the channel, strong electric fields were 
generated near the ends, so   

v v elec dominated  
v v advect  there, and DNA was pulled towards the 

positive pole. In the region between the electrodes,  
v v elec was suppressed.   

v v advect , on the 
other hand, continued to push DNA towards the positive pole in the central region because 
the fluid is effectively incompressible and travels towards the negative pole at a constant 
flow rate Q.  The net effect of these driving forces was to concentrate DNA at the electrode 
near the negative pole and deplete it from the other electrode. We note here that the details 
of the induced fluid flow are in fact complicated, involving re-circulating motion that 
would disperse point particles distributed across the channel height. It is the ability of a 
confined polymer to sample the entire flow profile that leads to an averaged value for 
  
v v advect  and the possibility to electrically concentrate DNA. This nanofluidic pre-
concentration method for polymers is appealing because it is entirely electrically driven. It 
is therefore straightforward to implement and control, and the integrated electrodes can 
also be used for other functions, such as driving the molecules into a separation device. 
 
1.3.3 DNA Conformations and Dynamics in Slit-Like Nanochannels 
 
 In studying the transport of DNA polymers in nanofluidic channels, we have 
mainly focused on how polymers interact with imposed electric fields and fluid flows. The 
specific conformations that a molecule adopts, and their characteristic fluctuation rate, play 
important roles as the molecule interacts with its environment, e.g. the features of a 
separation device. We have recently sought to better understand the static and dynamic 
properties of DNA in confined environments, which is important for the design of single-
molecule analysis and manipulation devices, and may provide insight into natural 
processes like DNA packaging in viruses86 and DNA segregation in bacteria.87 Here we 
outline some of our recent results on DNA conformations and dynamics in slit-like 
channels.88 
 We studied the conformations of DNA polymers under increasing degrees of 
confinement from their two-dimensional projections (Figure 1.9(a)). We analyzed 
fluorescent DNA images to compute the radius of gyration tensor for each conformation. 
The principal axes of these conformations were calculated from the eigenvalues of the 
radius of gyration tensor and used to quantify properties such as the coil size and molecular 
anisotropy. The measured distributions of the major and minor axis lengths are shown in 
Figure 1.9(b) (along with theoretical fits based on a statistical model that is presented 
elsewhere88). The dependence of the measured anisotropy on confinement was found to be 
consistent with the theoretical model by van Vliet and ten Brinke,89 i.e. for decreasing h, 
the anisotropy first decreased due to an alignment of the longest molecular axis with the 
channel by rotation. Anisotropy then increased as confinement caused excluded volume 
interactions to stretch the molecule laterally. 
 Our experiments also found that the polymer coil size went through three distinct 
regimes with increasing confinement. The DNA was first compressed slightly in a manner 
consistent with predictions of van Vliet et al.89 It then extended with confinement as 
predicted by the well-known scaling theory by de Gennes.72 In the thinnest channels, 
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whose height was comparable to the DNA persistence length, the DNA size reached a 
plateau. This last regime is often referred to as the “Odijk” regime.90,91 The characteristic 
relaxation time of the molecule, given by the autocorrelation of its size fluctuations, also 
revealed the same three regimes.  The relaxation time decreased slightly with h in the 
highest channels, followed by a rapid rise in the de Gennes regime, and then a rapid 
decline in the Odijk regime. These observations of DNA in slits are consistent with 
previous observations of de Gennes and Odijk scaling in square channels. We note that the 
Odijk regime is somewhat different in the case of wide slits, because the polymer can bend 
back on itself without having to pay a large energetic price. 
 

 
 
Figure 1.9  DNA conformations in nanofluidic slits. (a) Typical images of λ-DNA in 1.3 µm and 33 nm 

high channels. (b) Histograms of the major (RM) and minor (Rm) axis lengths of λ-DNA for h = 
107 nm. (inset) An image of a molecule indicating the calculated RM and Rm. (c) The projection 
of the radius of gyration as viewed from above the slit versus confinement. The dashed line 
indicates the de Gennes scaling relationship. The dash-dotted line indicates the Odijk regime. 
Adapted from reference [88] and reproduced with permission. 

 
 
1.4 MICROTUBULE TRANSPORT IN NANOFLUIDIC CHANNELS 

DRIVEN BY ELECTRIC FIELDS AND BY KINESIN 
BIOMOLECULAR MOTORS 

 
 
 When Richard Feynman contemplated the challenges associated with 
manipulating matter at the nanoscale back in 1959,92 he could turn to biology for 
inspiration on how to cope with these issues. The biological cell contains the ultimate in 
nanomachines, with processes such as cell motility, energy production, protein assembly, 
cell division and DNA replication all originating from the activities of small protein 
machines.93,94 Examples include the rotary motor that drives the bacterial flagella,95 and the 
linearly moving motors, for instance, myosin that drives muscle contraction, or kinesin and 
dynein motors that drive the intracellular transport of materials.96  
 Biomotors are enzymes that contain moving parts and use a source of free energy 
to direct their mechanical motion. The linear-motion motors (kinesin, myosin, dynein) use 
the energy of the hydrolysis of adenosine-triphosphate (ATP), the cell’s energy molecule, 
to move in discrete steps along tracks made of long protein polymers (actin filaments for 
myosin, microtubules for kinesin and dynein) that form the cytoskeleton that extends 
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throughout the cell.97 The structural polarity of these filaments (denoted by a plus and 
minus end) allows unidirectional movement of the motors along their tracks. For example, 
a single kinesin consists of two motor domains that can step in discrete 8.2 nm steps 
(corresponding to the periodicity of a microtubule’s protofilament) toward the plus end 
along a microtubule.98 Upon each 8.2 nm step, kinesin can withstand an opposing force of 
up to 6 pN,98,99 thus performing work of approximately 50 pN·nm. Since there is a tight 
coupling between a single step and the hydrolysis of a single molecule of ATP100-102 
(liberating ~80 pN·nm of free energy at cellular conditions), kinesins can work at an 
impressive ~60% efficiency.  
 One particularly active field of research is the use of biomotors for actuation and 
transport of materials in artificial nanofabricated environments.103 In the first part of this 
chapter we describe recent advances in the exploitation of kinesin motors for 
nanotechnology. In particular we discuss the use of electric forces to manipulate the 
direction of individual microtubules at junctions. Thereafter, we describe the use of 
nanofabricated structures and electric fields for biophysical studies on single microtubules.  
  
1.4.1 Electrical Manipulation of Kinesin-Driven Microtubule 

Transport 
 
 A molecular motor such as kinesin can potentially be used as the workhorse in 
miniaturized analytical systems or nano-electromechanical systems.103-105 For example, 
active transport by molecular motors could be used for purification of materials against a 
flow, for the concentration of molecules, or for transport in increasingly smaller capillaries. 
These motors can be employed in either one of two geometries (Figure 1.10(a) and (b)). In 
the so-called bead assay (Figure 1.10(a)), mimicking the biological situation, a motor-
coated cargo is transported along cytoskeletal filaments that are adsorbed onto a substrate. 
In the alternative geometry (Figure 1.10(b)), which is mostly employed, cytoskeletal 
filaments are propelled by surface-bound motors. In this gliding-assay geometry, the 
microtubules act as nanoscale trucks while transporting an attached cargo.  
 A considerable current effort in the field of molecular motor-assisted technology 
is aimed at building a nanoscale transport system in which biomotors are used for the 
active concentration of analyte molecules that are present in otherwise undetectably low 
quantities.106-108 A schematic of such an envisioned device is pictured in Figure 1.10(c). 
Microtubule transporters, functionalized with antibodies specific to the analyte molecule of 
interest, bind molecules from a sample and transport them toward a second region on a 
chip, thereby concentrating the analyte and facilitating detection. En route, sensing and 
sorting capabilities are necessary.  
 An important step toward this goal has been the integration of kinesin motor 
proteins inside microfluidic channels.109 The use of enclosed channels offers a great 
advantage for the confinement of motility to predetermined pathways. In the open trench-
like structures that were used previously,110-115 a common problem was that the motor-
propelled microtubules collided with the sidewalls of the structures and were pushed out of 
their tracks. Another advantage of enclosed channels is that strong electric fields can be 
locally employed to manipulate individual (negatively charged) microtubules, as opposed 
to the large-scale effects of electric fields applied in open structures as previously 
demonstrated.116-118  
 We first show that microtubule motility can be reconstituted inside enclosed 
fluidic channels. To demonstrate this, we have fabricated micron-sized microfluidic 
channels in glass substrates (Figure 1.11(a)). We use e-beam lithography and wet-etching 
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to fabricate a network of open channels in fused-silica substrates. The width of the 
channels varies from several to tens of micrometers, and the depth of the channels is 
typically one micrometer or less. The channel structures were sealed with a second glass 
substrate (Figure 1.11(a) and (b)). The insides of the channels were coated with casein and 
kinesin motor proteins by flushing the protein-containing solutions through the channels. 
Then, upon adding a solution containing microtubules and ATP, microtubules bind to the 
surface-adsorbed kinesins and are subsequently propelled through the channels. The 
movement of microtubules is imaged by fluorescence microscopy (Figure 1.11(c)).  
 

 
 
Figure1.10 Kinesin motors as transporters in artificial environments. (a) In the bead assay, motor-coated 

cargo moves along surface adsorbed cytoskeletal filaments. (b) In a gliding assay, surface-
bound motors propel cytoskeletal filaments that can act as shuttles for a bound cargo. (c) 
Fictitious device combining diverse functionalities such as rectification and sorting of motility, 
purification and detection of analyte molecules, and the assembly and release of cargo 
molecules. Adapted from reference [103] and reproduced with permission. 

 
 We show that individual microtubules can be steered through application of 
electric fields. Steering of microtubules is a necessary prerequisite for imagined 
applications such as those depicted in Figure 1.10(c). To demonstrate this, we fabricated a 
Y-junction of channels across and through which a perpendicular channel was fabricated 
(Figure 1.11(d)). An electric field can be induced and confined inside this perpendicular 
channel through the application of a voltage difference between electrodes at either end of 
the channel. In Figure 1.11(d) we show a microtubule approaching a Y-junction, initially 
headed toward the left leg of the junction (t = 0 s). Upon application of an electric field in 
the perpendicular channel, an electric-field induced force acts in the opposite direction, 
gradually changing the course of the microtubule. Eventually it is steered into the right leg 
of the Y-junction (Figure 1.11(d), t = 20 s).  
 To illustrate the feasibility of a sorting application such as that depicted in Figure 
1.10(c), we have employed electric forces to sort a population of microtubules carrying 
different cargos into different reservoirs on a chip (Figure 1.12). To this end we prepared 
and mixed microtubules that carry different colours (red and green) of fluorescent 
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molecules. Using a colour-sensitive camera to discriminate between the microtubules, red 
microtubules approaching a Y-junction were actively steered into the left leg of the 
junction, whereas green microtubules were sent in the opposite direction, simply by 
reversing the polarity of the electric field (Figure 1.12(a)). After a large number of such 
successful single-microtubule redirections one reservoir contained predominantly red 
microtubules (91 %) and the other reservoir contained predominantly green microtubules 
(94 %) (Figure 1.12(b)).109 
 
 

 
 
 
Figure 1.11  Electric forces can be used to steer individual microtubules in microfluidic channels. (a) 

Channels are fabricated in glass channels and sealed with a glass cover slip. (b) Scanning 
electron-microscopy image of a cross section of a channel. (c) Channels are coated with kinesin 
motor proteins and microtubules can be imaged moving through the channels by fluorescence 
microscopy. (d) A microtubule that approaches a Y junction from the top is steered through the 
use of electric forces into the right leg. The electric force points in the direction indicated, and 
the strength of the electric field is varied between 0 and 50 kV/m (indicated by length of 
arrow). Adapted from reference [109] and reproduced with permission. 

 
 

 
 
 
Figure1.12  On-chip sorting of a population of red and green-labeled microtubules. (a) By manually 

changing the polarity of the applied voltage, first a green microtubule is steered into the right 
leg of the junction (t = 0 and 5 s), then a red microtubule is steered into the left leg (t = 10 s), 
and finally a green microtubule is steered into the right leg again (t = 20 s). (b) The two legs of 
the junction lead to different reservoirs. After time, the right reservoir contains predominantly 
green microtubules, whereas the left reservoir contains red microtubules. Adapted from 
reference [109] and reproduced with permission. 
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 In conclusion, the use of biomotors for sorting and transport of materials is an 
exciting development and could provide an interesting alternative to pressure-driven or 
electro-osmotic flow driven transport on a chip. However, the latter technologies are fairly 
well-developed, whereas many biomotor-powered applications are currently merely proof-
of-principle demonstrations. At the moment, many speculative proposals for biomotor-
driven applications still fail to be competitive when critically scrutinized and weighted 
against existing alternatives. Nevertheless, it may be that the application of biomotors for 
technology is currently only limited by the imagination and creativity of researchers and 
new opportunities may be found in yet unforeseen directions. Yet, the small size, force-
exerting capabilities and possibilities for specific engineering of biomotors, for which 
currently no real alternatives exist, offers exciting opportunities that call for exploration.  
 
1.4.2  Mechanical Properties of Microtubules Measured from Electric 

Field-Induced Bending 
 
 An interesting spin-off of the above mentioned experiments has resulted from the 
study of the mechanism that underlies the steering of individual microtubules. The 
curvature of microtubule trajectories under a perpendicular force of known magnitude is an 
amplification of the microscopic bending of their leading microtubule ends and thus 
provides an elegant measure of their stiffness. The stiffness of short microtubule ends, 
which are only sub-micrometer in our experiments, is of interest since recent experiments 
have indicated that the mechanical properties of microtubules on short length-scales can 
deviate considerably from their long-length behaviour.119 Here, we describe experiments in 
which the observation of microtubule-trajectory curvatures under controlled perpendicular 
electric forces allows us to obtain an estimate of the mechanical properties of very short 
microtubule ends.120 The use of nanofabricated structures for these experiments is 
beneficial, since it allows for a controlled and directed application of electric forces. 
Moreover, the high surface-to-volume ratio of microfluidic channels limits Joule-heating 
of the solution while an electric field is applied.  
 In order to study microtubule trajectories under perpendicular electric fields we 
fabricated channels in a perpendicular layout (Figure 1.13(a)). Microtubules enter the wide 
horizontal channel, in which a homogeneous electric field is present and, similarly to the 
steering experiments shown in Figure 1.11, their direction of motion is changed. In Figure 
1.13(a) we show trajectories of microtubules that enter the electric field and gradually 
change their trajectory, in such a way to become aligned parallel and opposite to the 
electric field.  
 The mechanism of redirection is as follows (Figure 1.13(b)). The electric field 
induces a constant force density on the homogeneously charged microtubule in the 
direction opposite to the electric field. Kinesin molecules, distributed along the length of 
the microtubule, exert the opposing forces. This prevents movement of the microtubule 
perpendicular to its axis, which is confirmed by the data shown in Figure 1.13(b), where 
we show exactly overlapping traces of the leading and trailing-end coordinates of a 
microtubule moving in an electric field. Thus, the thermally fluctuating leading tip of the 
microtubule is biased into the direction of the applied force, thereby orienting the 
microtubule in a step-by-step fashion into the direction of the electric field.  
 The average curvature of the microtubule trajectory 〈dθ/ds〉 (where the trajectory 
is described with coordinates θ and s (Figure 1.13(b)) relates to the perpendicular 
component of the applied field-induced force f⊥ through the persistence length p and the 
average length 〈d〉 of the leading microtubule end as120 
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Equation 1.10 allows us to determine the value of the tip persistence length from 
observations of the curvature of microtubule trajectories under a known force provided that 
the average tip-length is known. The magnitude of the field-induced force f⊥ is proportional 
to the electric field E that we apply,120,121 
  

sinf c Eμ θ⊥ ⊥ ⊥=  (1.11) 
 
Here, µ⊥ is the mobility of a microtubule for motion perpendicular to its axis during free 
electrophoresis and c⊥ is the perpendicular hydrodynamic drag coefficient per unit length 
of a microtubule close to a surface. The value of µ⊥ can be measured through 
electrophoresis experiments on individual microtubules,122 as we show in the final section 
of this chapter, and amounts to µ⊥ = -(1.03 ± 0.01)10-8 m2/Vs for these experiments. The 
value of the perpendicular hydrodynamic drag coefficient of a microtubule was measured 
by Hunt et al. as c⊥ = (1.19 ± 0.11)10-2 Ns/m2.123 
 
 

 
 

Figure1.13  The curvature of microtubule trajectories under an applied electric field. (a) Overlay of 
fluorescence images (with 10 s intervals) of microtubules moving under an electric field E = 26 
kV/m. The microtubules enter from the small channel below and gradually become aligned 
with the electric field. (b) Overlapping coordinates of the leading (red triangles) and trailing 
(green circles) ends of a microtubule moving in a field E = 26 kV/m show that there is not 
motion of the microtubule perpendicular to its axis. The steering mechanism is thus due to the 
bending of the leading tip of the microtubule (inset). The change in orientation of the leading 
end of the microtubule (due to the force component perpendicular to the tip f⊥), determines the 
trajectory curvature dθ/ds at any point s along the trajectory. Adapted from reference [120] and 
reproduced with permission. 

 
 Using fluorescence microscopy, we image trajectories of a large number of 
microtubules entering an electric field of magnitude E = 26 kV/m (i.e. under a field-
induced perpendicular force f⊥ = 3.2 ± 0.4 pN/µm for microtubules that have a 90◦ 
orientation with respect to the electric field (Equation 1.11)). We determine tangent 
trajectory angles θ and trajectory curvatures dθ/ds for all measured trajectories at every 
coordinate. Thus, we obtain a large number of orientation-invariant curvatures dθ/ds(sinθ)-1, 
the distribution of which we show Figure 1.14(a). We take the centre of this distribution as 
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a measure of the mean-orientation invariant curvature at this particular force. We repeated 
these measurements for a range of electric fields between 0 and 44 kV/m. As expected 
(Equation 1.10), the mean orientation-invariant curvature increases linearly with E (Figure 
1.14(b)). The red line is a linear fit through the data, and from the slope we determine that 
〈d〉2/p = (1.30 ± 0.16)10-10 m (Equations 1.10 and 1.11).  
 Finally, we obtain an estimate for the average tip length 〈d〉 from observations of 
the trajectories of very short microtubules that move without any applied electric field. 
Long microtubules are bound to and propelled by several kinesin molecules distributed 
along their length and will therefore preserve their directionality. However, if the 
microtubule length becomes small and comparable to 〈d〉, then occasionally the filament 
will be bound to only a single kinesin molecule and display diffusive rotational motion 
around the motor, thereby rapidly changing its orientation.123,124 There is a clear relation 
between the average distance travelled by the microtubule between successive rotations 
and the ratio of the microtubule length L and the average tip length 〈d〉124 Thus, a 
measurement of 〈S〉 for a microtubule of known length L provides a measurement of the 
average tip length 〈d〉. Using this method, we have measured that in our experiments the 
average tip length 〈d〉 = 0.10 ± 0.02 µm.120  
 

 
 
Figure 1.14  Quantification of the trajectory curvatures (a) Distribution of orientation-invariant trajectory 

curvatures measured from a large number of microtubules under an electric field of E = 26 
kV/m. Red line is a Gaussian fit to the data. (b) Mean orientation-invariant curvature (taken as 
the centre of the distribution in panel a) varies linearly with the electric field, as expected from 
Equations 1.9 and 1.10. Adapted from reference [120] and reproduced with permission. 

 
 With this measurement of 〈d〉 we determine the persistence length of the leading 
microtubule ends as p = 0.08 ± 0.02 mm. This value is much smaller than the persistence 
length of 4-8 mm that is measured for long microtubules.125,126 Recent experiments have 
demonstrated that the persistence length of microtubules decreases from 5 mm to 0.11 mm 
upon decreasing the microtubule contour length from 48 µm down to 2.6 µm.119 These 
observations were attributed to the anisotropic mechanical properties of microtubules, 
which are tubular structures consisting of 13 protofilaments arranged in parallel. In the 
proposed picture, sliding motion of neighbouring protofilaments induce a compliance in 
addition to the longitudinal stretching deformations of individual protofilaments. This 
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leads to the expected decrease of the measured persistence length upon decreasing the 
deformation length.  
 An open question remained what happens for shorter lengths L of microtubules 
that could not be probed in the experiments in reference [119], because the observed ∝L-2 
decrease in persistence length predicts a vanishingly small persistence length on the L ≈ 
0.1 µm length scale that we probe in our experiments. In contrast, a recently proposed 
theoretical model, describing the bending of microtubules in terms of bundles of worm-like 
chains,127 predicts a saturation of the persistence length upon a further decrease of the 
deformation length. Our method contributes a measurement of the persistence length of 
~0.1 µm long tips, which is one order-of-magnitude smaller than the 2.6 µm length that 
was previously probed. Nevertheless, the value of p = 0.08 ± 0.02 mm that we find is 
similar to the 0.11 mm that was measured for the 2.6 µm long microtubules. Moreover, in 
separate control experiments we established a tip persistence length of 0.24 ± 0.03 mm.128 
Thus our data indicate a lower bound on the persistence length of short lengths of 
microtubules which is consistent with a recently proposed theory describing the mechanics 
of wormlike bundles. 
 In conclusion, we have shown that electric forces in nanofabricated structures are 
an excellent tool for the study of the mechanical properties of individual biomolecules. We 
have measured the stiffness of short microtubule ends, which contributes to a better 
understanding of the mechanical properties of these macromolecules on short length scales.  
 
1.4.3  Electrophoresis of Individual Microtubules in Microfluidic 

Channels 
 
 Finally, we describe the use of micron-size fluidic channels to confine and 
measure the electrophoresis of freely suspended individual microtubules.122 Initially, these 
experiments were performed to measure the mobility of microtubules needed to calibrate 
the electric field-induced forces in steering experiments mentioned in the previous section. 
In addition, the high stiffness of microtubules makes them an excellent model system for 
rod-like particles, which provides an opportunity to measure and test the predicted 
anisotropy in the electrophoretic mobility for rod-like particles.129 These experiments also 
allow us to measure the electrical properties of microtubules, such as the effective charge 
per tubulin dimer.  
 We observe the electrophoretic motion of fluorescently labelled microtubules 
inside 50 x 1 µm2 slit-like channels that are fabricated between the entrance reservoirs that 
are separated by 5 mm. The experimental geometry is shown in Figure 1.11(c), with 
however one important difference: the omission of the kinesin molecules. Upon application 
of a voltage difference between the electrodes at either end of the channel, we observe that 
the freely suspended microtubules move in the direction opposite to the electric field. Note 
that the motion of the negatively charged microtubules in our channels is a superposition of 
their electrophoretic velocity and any fluid velocity inside the channel due to electro-
osmotic flow.  
 In Figure 1.15(a) we show representative time-lapse images of two microtubules 
that are driven by an electric field E = 4 kV/m. The displacements of these microtubules, 
which are oriented with their axes approximately equal but in opposite directions to the 
field, are not collinear with the electric field. Instead, the velocity is slightly directed 
toward the axis of each microtubule. This orientation-dependent velocity is a hallmark of 
the anisotropic mobility of a cylindrical particle, Figure 1.15(b). The mobility µ of a 
microtubule is different for the electric field components perpendicular (µ⊥, E⊥) and 
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parallel (µ//, E//) to its long axis. Consequently, a microtubule oriented under an angle θ 
with E (as defined in Figure 1.15(b)), will have velocity components parallel (vy) and 
perpendicular (vx) to the electric field: 
 

( ) ( )

( ) ( ) ( )
//

2
//

1 sin 2
2

sin

x

y EOF

v E

v E

μ μ θ

μ μ θ μ μ

⊥
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= −

⎡ ⎤= − + +⎣ ⎦

 (1.12) 

 
where µEOF is the mobility of the electro-osmotic flow in our channels. We determine 
orientation-dependent velocity for a large number of microtubules. In Figure 1.15(c,d) we 
show binned values of measured vx and vy for microtubules at E = 4 kV/m. As expected 
from Equation 1.12, microtubules that are oriented under an angle with E move 
perpendicular to E in the positive x-direction if θ < 90◦ and in the negative x-direction 
otherwise (Figure 1.15(c)). Moreover, microtubules that are oriented parallel to E (θ = 90◦) 
move faster than microtubules that are oriented perpendicular to E (θ = 0◦) (Figure 
1.15(d)), which is expected if µ// ≥ µ⊥ (Equation 1.12 and References 122 and 129). The 
red lines in Figure 1.15(c,d) are fits of Equation 1.12 to the data. The fitted amplitude A = 
(µ// - µ⊥)E and offset B = (µ⊥ + µEOF)E yield information about the different mobility 
components.  
 We measured orientation-dependent velocities for different electric fields and 
display the fitted A and B as a function of E in the insets of Figure 1.15(c,d). From the 
linear fit through the data we derive the values (µ// - µ⊥) = -(4.42 ± 0.12) 10-9 m2/Vs, and 
(µ⊥ + µEOF) = -(8.75 ± 0.04)10-9 m2/Vs. In order to determine the values of µ// and µ⊥, we 
need to measure the value of the electro-osmotic flow mobility. We do this by a current-
monitoring method122,130 and we find µEOF = (1.28 ± 0.01)10-8 m2/Vs. This allows us to 
calculate µ// = -(2.59 ± 0.02)10-8 m2/Vs  and µ⊥ = -(2.15 ± 0.01)10-8 m2/Vs. 
 The measured mobility anisotropy µ⊥/µ// = 0.83 ± 0.01 is clearly different from 
the well-known factor 0.5 in Stokes-drag coefficients for long cylinders. The reason is that 
in purely hydrodynamic motion, in which a particle is driven by an external force, the fluid 
disturbance around a particle is long-range, decaying inversely proportional to the 
characteristic length scale of the particle. However, in electrophoresis the external electric 
force acts on the charged particle itself, but as well on the counter ions around the particle. 
As a result the fluid disturbance around the particle is much shorter range and decays 
inversely to the cube of the characteristic length scale of the particle.122,131 
 The force on the counterions has important implications for the interpretation of 
electrophoresis experiments in terms of the effective charge. In previous reports of the 
electrophoretic mobility of microtubules, their motion was interpreted as a balance 
between the electric force on the particle and the hydrodynamic Stokes-drag 
coefficient.117,132 However, because in hydrodynamic motion the fluid is sheared over a 
much larger distance than in electrophoresis, this interpretation seriously underestimates 
the restraining force, which leads to a similarly large underestimation of the effective 
charge. 
 Instead, we determine the effective charge of a microtubule by calculation of the 
ζ-potential and using the Grahame-equation that relates the ζ-potential to effective surface-
charge density. For cylinders, the mobility µ// is directly proportional to the ζ-potential via 
µ// = εζη,129 where ε and η are the solution’s dielectric constant and viscosity, respectively. 
This yields ζ = -32.6 ± 0.3 mV, which corresponds to an effective surface-charge density 
of -36.7 ± 0.4 mC/m2. Using the surface area of a microtubule, we calculate an effective 
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charge of -23 ± 0.2 e per dimer.122 The latter value should be compared to the theoretical 
bare charge of -47 e per dimer, where we attribute the difference to screening due to 
immobile counter charges that are adsorbed to the microtubule between its surface and the 
no-slip plane. In contrast, previous reports that ignored the effect of counterions and 
thereby underestimated the restraining force117,132 found a bare charge that was up to 5 
orders of magnitude lower. 
 

 
 
 
Figure 1.15  Electrophoresis of individual microtubules in microchannels. (a) Electrophoresis of 

microtubules under an angle with the electric field (E = 4 kV/m) is not collinear with the 
electric field. (b) A cylinder oriented under an angle θ with E and an anisotropic mobility for 
electrophoresis perpendicular (µ⊥) and parallel (µ//) to its axis will have a velocity v that is not 
collinear with E. The velocity will thus have components parallel (vy) and perpendicular (vx) to 
E (Eq. 1.12). (c) Measured vx as a function of θ for microtubules at E = 4 kV/m. The solid line 
is a fit of Eq. 1.11. The inset shows the fitted amplitude A as a function of E. (d) Measured vy 
as a function of θ for microtubules at E = 4 kV/m. The solid line is a fit of Equation 1.12. The 
inset shows the fitted amplitude offset B as a function of E. Adapted from reference [122] and 
reproduced with permission. 

   
 In summary, we have shown that microfabricated channels are an excellent 
system to measure the electrophoresis of individual microtubules. From these experiments 
we have gained valuable insights in the fundamental electrophoretic properties of colloidal 
cylinders and we obtained measurements of the effective surface charge of microtubules. 
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